
Previous studies examining several vertebrates
have shown that exposure to pesticides can
result in detrimental effects on developing
nontarget organisms both in natural habitats
and in the laboratory (Gilbert and Bolker
2001; Matsushita et al. 2006; Rohr et al.
2006). In recent years, worldwide amphibian
population declines have escalated concerns
over the potentially harmful effects of pesti-
cides on these sentinel organisms. Despite evi-
dence that shows specific early developmental
stages of the vertebrate life cycle are sensitive
to environmental contaminants (Greulich and
Pflugmacher 2003; Howe et al. 1998;
Loewengart 2001; Owens and Baer 2000),
many studies are focused on the potential ter-
atogenicity of synthetic substances at later
developmental end points, including repro-
ductive development and metamorphosis, or
they use chronic exposure over many distinct
developmental stages. However, to determine
the teratogenicity of a xenobiotic agent, it is
important to examine several developmental
processes, at multiple stages, to ensure that
important environmental health and develop-
mental consequences of chemical exposure are
not overlooked.

Use of the herbicide atrazine (2-chloro-4-
ethylamine-6-isopropylamino-S-triazine) has
been widely debated because of its implicated
effects on nontarget organisms. Atrazine is used
to control broadleaf weeds by inhibiting elec-
tron transport during photosynthesis (Eisler
1989). Importantly, atrazine formulations may

be applied to crops at concentrations as high as
213 g/L according to label instructions
(Syngenta Crop Protection Inc. 2005), many
times its reported solubility in water (30 mg/L).
This can lead to “spikes” in the atrazine con-
centration of agricultural run-off, causing areas
with shallow water tables to be particularly sus-
ceptible to contamination (Lloyd-Smith et al.
1999; Thurman et al. 1991). Atrazine concen-
trations as high as 12.7 mg/L have been
detected in natural waters (Bushway et al.
1991) and concentrations ≤ 4.9 mg/L were
reported in tail water pits used for agricultural
impoundment [Davies et al. 1994; Eisler
1989; Kadoum and Mock 1978; Solomon
et al. 1996; U.S. Environmental Protection
Agency (EPA) 2002]. Atrazine also has a
high leaching potential, as it is moderately
hydrophilic with high aqueous solubility
(Graymore et al. 2001), and it must be applied
to crops multiple times early in the growing
season. As a result, considerable concentrations
of atrazine and its metabolites in groundwater
and surface runoff are of concern (Graymore
et al. 2001; Lloyd-Smith et al. 1999). Atrazine
is very stable, with a half-life of 30–740 days in
laboratory and field environments (Comber
1999; Solomon et al. 1996), and two of its
mobile breakdown products, deethylatrazine
and deisopropylatrazine, are structurally and
toxicologically similar to the parent compound
(Liu et al. 1996, 1997; Shipitalo and Owens
2003). Although suggested agricultural prac-
tices have begun to address these concerns,

actual reported levels of atrazine application on
corn fields were unchanged between 1991 and
2005 [U.S. Department of Agriculture
(USDA) 1991, 2006].

Atrazine was originally thought to be
innocuous to animals (Solomon et al. 1996);
however, the combination of atrazine’s stabil-
ity, mobility, and extensive use contribute to
water contamination at a time coinciding with
amphibian mating and early development in
the field. Consequently, atrazine’s potential
influence on health problems related to cancer
incidence, reproductive endocrinology, and
organ development in nontarget vertebrates
are of great concern. Because low background
levels of atrazine can be found throughout the
period of gonadal development in many ani-
mals near agricultural fields, several recent
studies have focused on examining the effects
of atrazine exposure on these developmental
stages of amphibians. Chronic atrazine expo-
sure can lead to an increase of intersex gonadal
tissues after chronic exposure (Rana pipiens and
Xenopus laevis) (Carr et al. 2003; Hayes et al.
2002, 2003), and as little as a 48-hr exposure
can diminish reproductive capacity in male and
female frogs (X. laevis) (Tavera-Mendoza et al.
2002a, 2002b). In contrast, similar experi-
ments have shown no treatment-specific effect
of atrazine exposure on gonad development
(Coady et al. 2005; Hecker et al. 2005) or sex-
specific traits (Carr et al. 2003) in X. laevis.
Although these studies indicate the potential
for brief and chronic atrazine exposure to dis-
rupt organ development, gonadal development
occurs relatively late in development. Thus, it
is also important to examine earlier develop-
mental end points to fully evaluate the poten-
tial impact of atrazine exposure on individual
and population fitness in amphibians.
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BACKGROUND: Exposure to anthropogenic chemicals during development can disrupt the morpho-
genesis of organ systems. Use of the herbicide atrazine has been debated in recent years because of
its implicated, but poorly characterized, effects on vertebrates. Previous studies primarily examined
the effects of atrazine exposure during metamorphosis or early developmental stages of amphibians.

OBJECTIVES: We sought to identify and characterize the susceptibility during the often-overlooked
developmental stage of organ morphogenesis.

METHODS: We used a static renewal experimental treatment to investigate the effects of 10, 25, and
35 mg/L atrazine from early organ morphogenesis through the onset of tadpole feeding in the
aquatic amphibian model system, Xenopus laevis. We quantified malformations of the body axis,
heart, and intestine, as well as apoptosis in the midbrain and pronephric kidney.

RESULTS: We found a significant dose-dependent increase in the percentage of atrazine-exposed tad-
poles with malformations of multiple tissues including the main body axis, circulatory system, kid-
ney, and digestive system. Incidence of apoptotic cells also increased in the both midbrain and
kidney of atrazine-exposed tadpoles.

CONCLUSIONS: Our results demonstrate that acute atrazine exposure (10–35 mg/L for ≤ 48 hr) dur-
ing early organ morphogenesis disrupts proper organ development in an amphibian model system.
The concurrent atrazine-induced apoptosis in the pronephric kidney and midbrain begins to eluci-
date a mechanism by which atrazine may disrupt developmental processes in nontarget organisms.
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Several studies have reported a wide
range of atrazine-induced effects on non-
reproductive organs and tissues. For example,
in amphibians, atrazine can affect plasma thy-
roxine and corticosterone (75 and 250 µg/L;
Ambystoma tigrinum) (Larson et al. 1998);
endocrine function of adrenal cells in vitro
(2.16 mg/L; Rana catesbeiana) (Goulet and
Hontela 2003); rate of metamorphosis
(800 µg/L; X. laevis) (Freeman et al. 2005;
Freeman and Rayburn 2005); larval mass
(200 µg/L; Rana sphenocephala and Bufo
americanus) (Boone and James 2003); body
condition (20 mg/L; R. pipiens, Rana
sylvatica, and B. americanus) (Allran and
Karasov 2001); and survival (3 µg/L; B. amer-
icanus, Rana clamitansa, R. sylvatica, and
Pseudacris cruicifer) (Storrs and Kiesecker
2004). These studies show that a wide range
of atrazine concentrations can cause detri-
mental effects on different amphibian species.
However, many factors confound the inter-
pretation of these studies because larvae were
wild caught or were already feeding at the
start of the experiment. Additionally, atrazine
exposure during rat embryogenesis has been
shown to delay mammary gland development
in females (Rayner et al. 2005) and suppress
the immune response of males (Rooney et al.
2003). Together, these studies demonstrate
that amphibians and mammals exhibit
numerous other atrazine-induced effects in
addition to those reported for reproductive
organ development.

Unlike previous research that examined the
effects of atrazine exposure on amphibians and
focused on either extremely early (Allran and
Karasov 2001; Howe et al. 1998; Morgan et al.
1996) or very late (Carr et al. 2003; Hayes
et al. 2003) developmental time points, our
analyses focused on evaluating the effects of
atrazine exposure on the intervening period of
organ morphogenesis using the X. laevis
amphibian model system. To address the
diverse methods used in previously reported
studies, we examined the effects of different
vehicles used to administer atrazine on the sur-
vival and frequencies of observed malforma-
tions. We then systematically examined the
effects of atrazine exposure during organ mor-
phogenesis (stages 40–47) (Nieuwkoop and
Faber 1994), stages that we found to be partic-
ularly sensitive to atrazine exposure in prelimi-
nary experiments. We evaluated resultant
malformations of the intestine, circulatory sys-
tem, and body axis, and we examined levels of
apoptosis in several tissue types to begin to
understand the underlying causes of the aber-
rant phenotypes. Our goal was to use develop-
mental biology to more specifically describe
and explain observed effects of atrazine expo-
sure reported in toxicologic studies. To this
end, we have identified a window of develop-
ment that is extremely sensitive to acute

atrazine exposure, and have begun to describe
the underlying cause of malformations.

Materials and Methods 

Animal husbandry and embryo manipulation.
Adult Xenopus laevis (Nasco, Fort Atkinson,
WI), were housed under a 14 hr:10 hr
light:dark cycle at 18° ± 1°C. Adult females
were injected in the dorsal lymph sac with
chorionic gonadotropin to induce ovulation.
Eggs were collected, fertilized in vitro (Peng
1991), dejellied with 2% L-cysteine (Thermo
Fisher Scientific Inc., Waltham, MA), and
reared at 14–18°C in 0.1X Marc’s Modified
Ringer’s Solution (MMR; 1 M NaCl, 20 mM
KCl, 10 mM MgCl2, 20 mM CaCl2, 50 mM
HEPES, pH 7.5; Thermo Fisher Scientific
Inc.) until they reached the appropriate experi-
mental stage. All embryos were staged accord-
ing to Nieuwkoop and Faber (NF) (1994). All
animals were treated humanely and with
regard for alleviation of suffering according to
approved protocols (Institutional Animal Care
and Use Committee protocol M2005-01).

Chemical doses and exposures. All reagents
were obtained from Thermo Fisher Scientific
Inc. unless otherwise noted. We prepared a
stock solution containing 5 or 10 g/L atrazine
(98% pure; Chem Service, West Chester, PA)
in ethanol (EtOH) or dimethyl sulfoxide
(DMSO), respectively; stock solutions were
prepared fresh monthly or as needed. All
treatments consisted of the specified stock
diluted to the desired concentration in
0.1X MMR, prepared fresh weekly or as
needed. We used three nominal atrazine doses
that we identified as producing overt pheno-
types: 10, 25, and 35 mg/L. All exposures
were performed two or three times with dif-
ferent tadpole broods.

Our preliminary experiments showed the
window of development from NF stages
40–47 (organ morphogenesis) to be particu-
larly sensitive to atrazine-induced malforma-
tions. This period of development is just before
the onset of feeding, and is designated as “pre-
metamorphosis” (includes NF stages 45–53).
All experiments were concluded by NF
stage 47, because all acute exposures we per-
formed past this stage resulted in 100% mor-
tality (data not shown). All experiments
included age-matched, untreated, and vehicle-
treated tadpole siblings to ensure that any
teratogenic effects observed after atrazine
exposure were not the result of parental
effects or the vehicle used to prepare the stock
solution. Embryos were assigned at random
to treatment groups at a density of ≤ 15 tad-
poles in 10 mL to prevent overcrowding.
Experimental exposures were maintained at
18°C, a temperature common to developmen-
tal studies that use X. laevis. Experiments were
statically renewed every 24 hr and monitored
for mortality and tissue malformations.

To ensure that the observed phenotypes
were specific to atrazine and not to general
toxic effects, tadpoles were exposed to one of
two other common herbicides that have chem-
ical structures different from atrazine: 30 mg/L
glyphosate (Sigma Chemical Co., St. Louis,
MO), or 65, 130, or 260 mg/L 2,4-dichloro-
phenoxyacetic acid (2,4-D; Sigma Chemical
Co.). Stocks of glyphosate and 2,4-D were
made in distilled water and diluted to the
appropriate concentration in 0.1X MMR.
Glyphosate and 2,4-D concentration ranges
used were based on tests of glyphosate formula-
tions (Perkins et al. 2000) and the reported
EC50 (half maximal effective concentration)
and LC50 (concentration lethal to 50%) for
2,4-D (245 and 254 mg/L, respectively)
(Morgan et al. 1996). 

Phenotype analysis. At the established
experimental end point, tadpoles were anes-
thetized with 0.1% tricaine (ethyl 3-amino-
benzoate methanesulfonate salt; Sigma
Chemical Co.), scored for circulatory malfor-
mations (visible hemorrhaging), and humanely
euthanized. Embryos and tadpoles were then
fixed in MEMFA (0.1 M MOPS, pH 7.5;
2 mM EGTA; 1 mM MgSO4; 3.7% formalde-
hyde) for 1 hr, rinsed in phosphate-buffered
saline (PBS), dehydrated, and stored in
methanol. Tadpoles were objectively scored
for edema and malformations of the heart,
intestine, and axis. Phenotypes were analyzed
using standard microscopy and documented
using a Nikon SMZ-1500 Stereo Microscope
(Nikon Instruments Inc., Melville, NY) with
SpotInsight Color Digital Camera (Diagnostik
Instruments, Inc., Sterling Heights, MI).
Mortality was < 5% in experimental treatments
and did not differ among treatment groups.
Differences in sample sizes were caused by
variations between replicate experiments. 

Immunohistochemistry. Fixed tadpoles
were rehydrated in PBTr (1X PBS, 2 mg/mL
bovine serum albumin, 0.1% Triton X-100)
and incubated with primary antibody
overnight at 4°C. After several PBTr washes,
tadpoles were incubated overnight with anti-
mouse alkaline phosphatase-conjugated
(1:1500) or anti-rabbit Alexa Fluor 555-
conjugated secondary antibody (1:300;
Invitrogen, Eugene, OR). Antibody localiza-
tion was then visualized with a chromogenic
reaction using BCIP (5-bromo-4-chloro-3´-
indolyphosphate p-toluidine salt; Roche,
Indianapolis, IN) and NBT (nitro-blue tetra-
zolium chloride; Roche) or standard fluores-
cent microscopy. Tadpole hearts were
visualized using a heart-specific antibody, anti-
cardiac troponin-T (CT-3; Developmental
Studies Hybridoma Bank, University of Iowa,
Iowa City, IA); apoptotic cells were visualized
using an antibody to activated caspase-3
(1:250; BD PharMingen, San Diego, CA)
(Das et al. 2002; Tseng et al. 2007). Caspase-3
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was quantified in the midbrain by counting all
positive cells in the midbrain between the eyes
and pronephric kidney. Apoptosis in
pronephric kidneys was scored on a scale of 0
to 5: 0, no increased apoptosis observed in
either kidney; 1, one kidney with faint
increase or a few apoptotic cells; 2, both kid-
neys with faint increase or a few apoptotic
cells; 3, one kidney with overt apoptosis
throughout the organ; 4, one kidney with
overt increase and the contralateral kidney
with faint increase or a few apoptotic cells; and
5, both kidneys with overt apoptosis through-
out. Scores for each treatment at each time
point were averaged and analyzed.

Data analysis. We used logistic regression
to analyze the effects of treatment on the inci-
dence of intestinal malformations, cardiac mal-
formations, axis malformations, edema, and
hemorrhaging in tadpoles exposed from NF
stage 41 through NF stage 46. Coincidence of
phenotypes in individual tadpoles was not ana-
lyzed because data on individuals were not
kept. We evaluated the effects of treatment,
stage at the beginning of exposure (start stage)
and interactions between start stage and treat-
ment. To increase statistical power in post hoc
tests of treatment effects, we analyzed a priori
pair-wise contrasts between atrazine treatments
and matched vehicle controls. Apoptosis in the
midbrain was analyzed with mixed model
analysis of variance where replicates were
treated as a random effect. The effects of
atrazine on midbrain apoptosis was analyzed
by time point, and post hoc tests were per-
formed on specified contrasts. Because apopto-
sis in the pronephric kidney was scored as an
ordinal variable, data were analyzed using ordi-
nal regression with the same a priori contrasts
comparing treatment effects. All analyses were
performed with SAS 9.1 (SAS Institute Inc.,
Cary, NC).

Results 

Assessment of vehicle. We compared the inci-
dence of atrazine-induced phenotypes using
either EtOH or DMSO as the vehicle during a
48-hr exposure (NF stages 42–46; Table 1).
DMSO vehicle controls showed a much lower
incidence of malformations than EtOH con-
trols, whereas the incidence of phenotypes in
atrazine-exposed tadpoles were similar using
stock solution made with either DMSO or
EtOH vehicle. Therefore, we performed subse-
quent quantification of atrazine-induced phe-
notypes using the DMSO vehicle. 

Characterization of organ and tissue mal-
formations. Heart and visceral hemorrhaging.
Two of the most obvious phenotypes that we
observed in tadpoles exposed to atrazine during
organ morphogenesis were malformed hearts
and visceral hemorrhaging (Figures 1–2).
Atrazine exposure significantly increased
heart malformations across all treatments

[Wald χ2 = 162.3, degrees of freedom (df) = 6,
p < 0.0001, pseudo-r2 = 0.34]. We observed
heart anomalies as early as 24 hr after the initi-
ation of chemical exposure (36% and 39% of
tadpoles treated with 25 and 35 mg/L
atrazine, respectively; NF stages 43–46). We
also observed a significant interaction between

treatment and exposure start stage (Wald χ2 =
47.8, df = 12 p < 0.0001). After 48 hr of expo-
sure (NF stages 42–46), atrazine-treated tad-
poles exhibited significantly more abnormal
hearts (up to 57% when exposed to 35 mg/L
atrazine) than did vehicle controls (3%,
0.35% DMSO control) (Figure 1B). Heart

Atrazine exposure alters organogenesis
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Table 1. Effect of using different vehicles to deliver atrazine treatments on the incidence of tissue malfor-
mations, exposure stages NF 42–46.

Percent abnormal Percent abnormal
No. Percent survival gut coiling hearts Percent edemas

Treatment EtOH DMSO EtOH DMSO EtOH DMSO EtOH DMSO EtOH DMSO

Untreated control 126 253 99 100 4 4 7 2 0 3
25 mg/L atrazine 67 150 93 100 47 61 21 25 21 61
Vehicle control #1 67 135 97 100 17 6 17 4 2 6
50 mg/L atrazine 84 72 95 100 100 100 63 96 93 100
Vehicle control #2 85 69 100 100 12 9 6 3 4 3

Figure 1. Incidence of heart malformations. (A) Ventral views of normal NF stage 46 heart morphology (top)
in an untreated-control tadpole, and hypertrophic (middle) and reduced (bottom) hearts in age-matched
tadpoles exposed to 35 mg/L atrazine (DMSO) from NF stage 41–46. Hearts were visualized using the CT-3
antibody and are outlined in white. Bars = 0.2 mm. (B) Incidence of reduced and enlarged hearts in tad-
poles exposed to 10, 25, or 35 mg/L atrazine or vehicle (DMSO) from NF stage 41, 42, or 43 through NF
stage 46. Sample sizes are indicated above bars. 
**p < 0.001, and #p < 0.0001, as determined by post hoc pair-wise contrasts from logistic regression. 
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Figure 2. Incidence of visceral hemorrhaging. (A) Lateral views, anterior facing right, of a control tadpole
(top) and the visceral hemorrhaging phenotype observed near the opercular fold (arrowhead) and in the
gut region (arrows) of a tadpole exposed to 35 mg/L atrazine (DMSO) (bottom) from NF stages 42–46. Bars
= 0.5 mm. (B) Incidence of visceral hemorrhaging in tadpoles exposed to 10, 25, or 35 mg/L atrazine or vehi-
cle (DMSO) from NF stage 41, 42, or 43 through NF stage 46. Sample sizes are indicated above bars. 
*p < 0.05, **p < 0.001, and #p < 0.0001 as determined by post hoc pair-wise contrasts from logistic regression. 
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malformations were characterized mainly by
an overt reduction in size compared with
stage-matched control siblings, although a
small number of atrazine-exposed tadpoles
exhibited enlarged, hypertrophic cardiac tissue
(Figure 1A). Although the general shape of the
heart was severely distorted, CT-3 protein was
detected throughout cardiac muscle tissue in
all tadpoles examined.

In addition to abnormal heart develop-
ment in atrazine-treated tadpoles, we
observed a significant increase in visceral
hemorrhaging due to atrazine treatment, visu-
alized as blood pooling (Wald χ2 = 150.4,
df = 6, p < 0.0001, pseudo-r2 = 0.60).
Atrazine-treated tadpoles contained numerous
atypical pools of blood in several areas,
including kidney (pronephros), tail, abdomi-
nal cavity, and the area immediately sur-
rounding the heart (Figure 2A). Visceral

hemorrhaging could be observed readily in
tadpoles exposed to 35 mg/L atrazine after
only 6 hr (data not shown), and there was a
significant interaction of exposure start stage
and treatment (Wald χ2 = 21.4, df = 12,
p = 0.045). After 24 hr of exposure (NF stages
44–46), this blood pooling phenotype was
observed in 79% of tadpoles exposed to
35 mg/L atrazine. In fact, blood pooling
occurred over the greatest number of stages,
at both 10 and 35 mg/L atrazine (Figure 2B)
and was visible after only short windows of
exposure (6 hr; data not shown).

Intestinal coiling. Compared with vehicle
controls, tadpoles exposed to atrazine exhib-
ited a significant increase in intestine coiling
malformations in the form of reduced or
aberrant intestinal rotation (Figure 3A; NF
stages 41, 42, and 43; all p < 0.05). Intestinal
miscoiling was observed in > 20%, > 50%,

and > 75% of tadpoles exposed to 10, 25, and
35 mg/L atrazine, respectively, during all
experimental windows of development exam-
ined (Figure 3B). We detected this phenotype
after only a short pulse of exposure to atrazine
in approximately 80% of tadpoles treated with
35 mg/L atrazine for approximately 36 hr (NF
stages 43–46). There was a significant interac-
tion of exposure start stage and treatment
(Wald χ2 = 32.1, df = 12, p < 0.01); within
48 hr of exposure (NF stages 42–46), 90% of
the tadpoles exhibited abnormal intestine
morphology. Differences in the frequency of
this malformation were significant between
atrazine-exposed and vehicle control treat-
ments for all windows of development exam-
ined (Figure 3B; Wald χ2 = 511.5, df = 6,
p < 0.0001, pseudo-r2 = 0.54).

Body axis and edema. After short periods
of exposure (48 hr, NF stages 42–46), atrazine-
treated tadpoles exhibited a significant increase
of curved body axes relative to stage-matched
control or vehicle-treated tadpoles (NF start
stages 41, 42, 43; all p < 0.0001; Figures 4A,
4B). Affected tadpoles showed tails that curved
upward relative to unaffected body (32% and
48% of tadpoles in 25 and 35 mg/L atrazine,
NF stages 42–46, respectively). We also found
significant effects of treatment (Wald χ2 =
110.4, df = 6, p < 0.0001, pseudo-r2 = 0.50)
and interactions of start stage and treatment
(Wald χ2 = 21.2, df = 12, p = 0.048) for the
incidence of axis malformations. We docu-
mented a significant increased incidence of ede-
mas in atrazine-exposed tadpoles (Figure 4A;
Wald χ2 = 410.4, df = 6, p < 0.0001, pseudo-r2

= 0.45). The frequency of this malformation
differed significantly between atrazine-exposed
and vehicle-control treatments at nearly all
windows of development and treatments
examined (Figure 4C; interactions of start stage
and treatment, Wald χ2 = 46.4, df = 12,
p < 0.0001). 
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Figure 3. Incidence of gut malformations. (A) Ventral views of normal counter-clockwise intestinal coiling
of an NF stage 46 untreated control tadpole (top), and mild (middle) and severe (bottom) gut coiling malfor-
mations observed in sibling tadpoles exposed to 35 mg/L atrazine (DMSO) from NF stages 42 to 46. Arrows
reflect direction of coiling; bars = 0.5 mm. (B) Incidence of gut coiling malformations observed in tadpoles
exposed to 10, 25, or 35 mg/L atrazine or vehicle (DMSO) from NF stage 41, 42, or 43 through NF stage 46.
Sample sizes are same as in Figure 1. 
*p < 0.05, and #p < 0.0001 as determined by post hoc pair-wise contrasts from logistic regression. 
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Figure 4. Axis malformations and incidence of edema. (A) Lateral view of normal body axis in control NF stage 46 tadpole (top), and atrazine-exposed tadpoles
exhibiting curved (middle) and severely shortened (bottom) axes. White arrows indicate edemas observed in the heart (middle) and gut (bottom) regions of
atrazine-treated tadpoles. Bars = 1.0 mm. Incidence of axis malformations (B) and edemas (C) in tadpoles exposed to 10, 25, or 35 mg/L atrazine or vehicle (DMSO)
from NF stage 41, 42, or 43 through NF stage 46. Sample sizes for (B) and (C) are same as in Figure 1. 
**p < 0.001, and #p < 0.0001 as determined by post hoc pair-wise contrasts from logistic regression. 
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Apoptosis. Preliminary experiments using
TdT-mediated 2´-deoxyuridine 5´-triphos-
phate–nick end labeling (TUNEL; data not
shown) indicated increased apoptosis in tad-
poles exposed to atrazine. To characterize this
effect, we examined immunolocalization of
active caspase 3 in the pronephric kidney and
midbrain at 6, 12, 24, and 48 hr of exposure,
rather than over a range of stages, to clearly
determine the timing of this atrazine-induced
event. Apoptosis in the kidney was ranked on
a scale of 0 to 5, examples of which are shown
in Figure 5A, and cells positive for active cas-
pase 3 in the midbrain between the eye and
kidney were counted. Statistically similar
results were obtained at 6 hr for both apopto-
sis in the kidney and midbrain across all treat-
ments (data not shown). Tadpoles exposed to
35 mg/L atrazine had significantly more
active caspase 3, and thus apoptosis, in the
kidneys than the paired DMSO control after
24 hr (Wald χ2 = 5.78, p = 0.016) and 48 hr
of exposure (Wald χ2 = 14.73, p = 0.0001;
(Figure 5B). We observed a significant effect
of treatment across all treatment groups after
48 hr of exposure (Wald χ2 = 23.16, df = 4,
p = 0.0001). We also found a significant
effect of treatment on the amount of apopto-
sis in the midbrain after atrazine exposure for
12 hr (F = 5.53, df = 4, p = 0.0004), 24 hr
(F = 7.00, df = 4, p < 0.0001), and 48 hr
(F = 12.88, df = 4, p < 0.0001) (Figure 5C).
After 12 and 48 hr, tadpoles exposed to
35 mg/L atrazine had significantly more
apoptosis in the midbrain (F = 13.66,
p = 0.0003 and F = 20.33, p < 0.0001, respec-
tively); after 48 hr, tadpoles exposed to
10 mg/L atrazine also had significantly more
apoptosis in the midbrain (F = 11.20,
p = 0.0011). 

Assessment of phenotype specificity. In
tadpoles exposed to glyphosate (pure com-
pound) from NF stages 42–46, we did not find
increased organ malformations compared with
sibling-matched controls (data not shown); this
is in contrast with our observations in atrazine-
exposed tadpoles. Also in contrast, exposure to
2,4-D from stages 42–46 resulted in 100%
mortality within 6 hr at all doses tested (65,
130, and 260 mg/L) (data not shown).

Discussion

Many xenobiotic chemicals are particularly
dangerous if present during early animal devel-
opment because formation of functional tissues
and organs is carefully regulated during that
time (Broeg et al. 2005; Rayner et al. 2005;
Rooney et al. 2003; Wiegand et al. 2001). The
present study demonstrates that the developing
X. laevis tadpole exhibits experimentally signifi-
cant stage-specific sensitivity to atrazine expo-
sure. In particular, acute exposure to atrazine
during the developmental window of early
organ morphogenesis (NF stages 40–47), just

before the onset of feeding, significantly
impacts the formation of multiple organ sys-
tems. Interestingly, this window of develop-
ment coincides with an often-overlooked
period of amphibian embryonic development
that precedes premetamorphosis. This unex-
pected result warranted further inquiry, espe-
cially because exposure during such a narrow
developmental window resulted in a specific set
of teratogenic effects on multiple organs and
tissues after only a short duration of atrazine
exposure.

Because atrazine exposure disrupts normal
endocrine function, the majority of previous
studies focused on later periods of develop-
ment, specifically during metamorphosis and
gonadal development (Allran and Karasov
2001; Carr et al. 2003; Hayes et al. 2003;
Tavera-Mendoza et al. 2002a, 2002b). Because
of conflicting reports about the effects or lack
of effects that atrazine exposure has during this
developmental period, there has been consider-
able controversy both within the scientific
community and the public (reviewed by Hayes

2004). Although reproduction and metamor-
phosis are critical times in an amphibian life
cycle, focusing on developmental anomalies
during these relatively late stages overlooks ear-
lier and equally detrimental abnormalities that
may occur (Rohr et al. 2004; Storrs and
Kiesecker 2004). Studies of atrazine’s effects on
amphibians during early development have
reported high mortality rates over a large range
of concentrations (Howe et al. 1998; Morgan
et al. 1996; Storrs and Kiesecker 2004), but in
the literature there is little investigation of the
causes of this mortality. Consistent with previ-
ous studies of atrazine exposure during earlier
developmental stages (Allran and Karasov
2001; Morgan et al. 1996; Rohr et al. 2004),
here we demonstrated the importance of char-
acterizing early manifestations of disrupted
development. Doing so can provide earlier
developmental end points at which to evaluate
effects of contaminant exposure and help to
identify mechanisms of contaminant toxicity
to further explore. In addition, lethal effects on
early life history traits can remove the most
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Figure 5. Level of apoptosis in the pronephric kidney and midbrain. (A) Dorsal view of tadpoles exhibiting kid-
ney apoptosis phenotypes with corresponding scoring system (0 through 5). Pronephric kidneys are circled
in white; the area of midbrain that was analyzed is demarcated in 1 by two white lines. Bars = 0.5 mm.
(B) Kidney score (mean ± SE) after 12, 24, or 48 hr exposure to 10 or 35 mg/L atrazine or vehicle; data were
analyzed using ordinal regression. (C) Number of apoptotic cells (mean ± SE) counted in the midbrain
between the eyes and pronephric kidney after 12, 24, or 48 hr exposure to 10 or 35 mg/L atrazine or vehicle. 
*p < 0.05, **p < 0.001, and #p < 0.0001 as determined by post hoc pair-wise contrasts. 
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susceptible individuals from a population
before gonadal development or metamorphosis
occur, and might be a more sensitive bioindi-
cator of ecosystem health.

Two assays that use X. laevis—the frog
embryo teratogenesis assay-Xenopus (FETAX)
(Fort et al. 2004; Morgan et al. 1996) and the
Xenopus metamorphosis assay (XEMA) (Opitz
et al. 2005)—provide important standardized
techniques and information when evaluating
anthropologic substances. However, they do
not isolate early organ morphogenesis as part
of their exposure parameters and therefore
overlook effects particular to these essential
developmental stages that we found to be sen-
sitive to atrazine exposure. FETAX, which is
used to evaluate interruption of critical cellular
behaviors during embryogenesis, relies on a
96-hr exposure protocol beginning early in
development through all major early develop-
mental processes such as gastrulation, neurula-
tion, and organogenesis (NF stages 8–46) and
analyzes severe end points such as lethality
[American Society for Testing and Materials
(ASTM) 1988]. Although useful in many
respects, examination of such end points after
chronic exposure is not sensitive enough to
identify the brief developmental window we
found to be particularly sensitive to acute
atrazine exposure and may not provide clues as
to the mechanism of toxicity. In fact, we found
that initiating an acute atrazine exposure at the
end of the 96-hr FETAX protocol (~ NF
< stage 44) and just before the start of the
XEMA assay stages (NF stage 52 and later)
resulted in severely abnormal organ phenotypes
and increased apoptosis (Figures 1–5).
Importantly, these sublethal phenotypes were
observed in many different organs and tissue
types, thereby indicating that atrazine may be
perturbing general mechanisms of tissue mod-
eling during the stages we tested. Although the
XEMA assay has not been used to test effects
of atrazine in particular, the FETAX assay per-
formed by Morgan et al. (1996) used an
atrazine formulation at concentrations of
2–98.0 mg/L (3-fold higher than the highest
concentration we present here) and reported an
EC50 of 33 mg/L and an LC50 of 100 mg/L.
We found more pronounced effects at lower
concentrations with the pure compound
(10 mg/L atrazine), indicating that the effects
of atrazine have yet to be fully explained. The
concentrations and DMSO vehicle we used are
similar to those used in the FETAX assay by
Fort et al. (2004), although our exposures were
over a much narrower window of development
and focused on quantifying perturbations of
normal organ morphogenesis, thereby extend-
ing the findings of their work.

Although a few studies have examined the
effects of atrazine exposure during early
development in aquatic species (Allran and
Karasov 2001; Carr et al. 2003; Storrs and

Kiesecker 2004), these studies primarily
focused on chronic, low-dose exposure and
did not examine the effects of acute exposure.
In these studies, abnormal swimming was
weakly correlated with larval exposure to
atrazine concentrations as low as 25 µg/L
(Carr et al. 2003) and edema and abnormal
tail flexure at 8 mg/L (Morgan et al. 1996).
Because aquatic species in the field are exposed
to spikes in the environmental concentrations
of herbicides for short periods of time imme-
diately after application (Thurman et al.
1991), it is important to include this parame-
ter when profiling teratogens. We observed
developmental anomalies after acute atrazine
exposure that mimic conditions of agricultural
run-off events following atrazine application
in the field. We also observed that several mal-
formations occurred after only 6–12 hr of
atrazine exposure. Greulich and Pflugmacher
(2003) found the analogous stages of tadpole
development in the amphibian Rana arvalis to
be particularly sensitive to pesticide exposure
when early developmental stages were exam-
ined as well. Thus, our data demonstrate that
multiple organs and tissues are highly sensitive
to acute atrazine exposure in a dose-dependent
manner during early premetamorphic tadpole
stages in a model amphibian species with par-
allels to native species.

The developmental stages just before
metamorphosis are important for many rea-
sons. In tadpoles that are no longer able to
rely on the energy stores of the embryonic
yolk, tissues, such as those in the head and
intestines, undergo rapid morphogenesis to
prepare for the onset of feeding. Many factors
contribute to this intricate process of organ
morphogenesis that we observed to be dis-
rupted after atrazine exposure. During normal
gut morphogenesis, well-orchestrated gene
expression is required in the developing vis-
ceral mesoderm and gut endoderm to initiate
morphogenic movements (Tseng et al. 2004);
regulation of asymmetric cell proliferation and
gene expression (Muller et al. 2003) con-
tribute to the proper coiling of the heart and
intestine; and morphology of these developing
organs can be confirmed by characteristic gene
expression of numerous transcription factors
and downstream genes (Chalmers and Slack
1998, 2000). During these crucial stages of
morphogenesis, we found that tadpoles treated
with atrazine for a short period of time
(24–48 hr) displayed severely impaired heart
(> 55%) and gut morphogenesis (> 75%) of
treated tadpoles, compared with < 10% of
control tadpoles (Figures 1 and 3). The fre-
quency of malformations was dose dependent,
with the highest doses resulting in 90% of the
atrazine-treated tadpoles having an aberrant
gut phenotype (Figure 3B). Visceral hemor-
rhaging was a prominent phenotype that was
observed after only 6 hr of exposure. Nearly

100% of atrazine-treated tadpoles contained
areas of hemorrhaging at the end of our
experiments (Figure 2B). This intriguing phe-
notype suggests a rapid and detrimental mor-
phogenic consequence of atrazine exposure
with many possible causes that will warrant
further investigation.

We also observed abnormal tail flexure
and shortened body axis in atrazine-treated
tadpoles (Figure 4A, B). It is possible that
these axis deformities are the underlying cause
for previously described swimming abnormali-
ties observed in atrazine-treated tadpoles
(Allran and Karasov 2001). Atrazine-treated
tadpoles also exhibited the highest incidence
of edemas when treatments started at NF
stages 41 or 42 (Figure 4C). Edemas were
observed in several different regions of the tad-
pole including head, thoracic cavity (especially
surrounding the heart), lateral trunk region,
and abdomen (Figures 3A and 4A). It is possi-
ble that observed edemas may be a secondary
consequence of poor water balance in treated
tadpoles containing malformed hearts
(Figure 2A) and increased apoptosis in
pronephric kidneys (Figure 5A, B), rather
than being a direct result of atrazine treat-
ment. This is consistent with reduced heart
function and circulatory system failure that
has been reported in zebrafish exposed to a
range of doses of atrazine at analogous stages
(Ton et al. 2006; Wiegand et al. 2001).

The malformations we observed were
specifically due to exposure to the chemical
atrazine, as two other common herbicides that
were tested showed no effect (glyphosate) or
100% mortality after a short exposure (2,4-D).
Our results for glyphosate are consistent with
published studies that indicate that pure
glyphosate has no effect on amphibians,
whereas its chemical formula, RoundUp
(Monsanto Company, Streetsville, Ontario,
Canada), is toxic (Perkins et al. 2000). This
may also be true for atrazine (Clements et al.
1997; Morgan et al. 1996); however, our
results show that even the pure chemical
atrazine can cause detrimental effects, and our
results may therefore underestimate the poten-
tial impact of atrazine formulations in our
experiments. 2,4-D has been reported to be
neurotoxic to zebrafish at concentrations simi-
lar to those at which we found 100% lethality
(Ton et al. 2006), and causes 50% lethality at
254 mg/L X. laevis, a much higher concentra-
tion than we found to cause 100% lethality
(Morgan et al. 1996). Our results also are con-
sistent with previous work that showed atrazine
has higher teratogenicity than 2,4-D (Morgan
et al. 1996). Furthermore, the atrazine-induced
malformations we observed in our experiments
do not occur in tadpoles exposed to glyphosate
or 2,4-D, indicating they are specific to the
chemical atrazine and not merely due to toxi-
city in the presence of a contaminant. 
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To investigate possible molecular mecha-
nisms by which atrazine causes malformations
in X. laevis tadpoles during organ morphogen-
esis, we examined apoptosis by assessing levels
of active caspase 3 protein. Atrazine exposure
has been shown to increase apoptosis in
preimplantation mouse embryos, as well as
decrease development to the blastocyst stage
(Greenlee et al. 2004). Separate groups have
also shown that atrazine exposure decreases
proliferation in human fibroblasts (Manske
et al. 2004) and increases apoptosis in cultured
human lymphocytes (Roloff et al. 1992) and
carp cells (Liu et al. 2006), further supporting
the potential for atrazine to cause ectopic pro-
grammed cell death. Although apoptosis is a
normal cellular process in organ morpho-
genesis (Coles et al. 1993; Kollros and Thiesse
1985; Pexieder 1975), we uncovered a signifi-
cant increase of apoptosis in the midbrain and
pronephric kidney over controls. Ton et al.
(2006) found increased apoptosis only in the
brain of zebrafish at the highest atrazine con-
centration tested, approximately three times
our highest concentration. Although they ulti-
mately determined that atrazine is primarily
teratogenic in zebrafish rather than neurotoxic,
further work investigating potential neurotoxi-
city of atrazine is warranted in amphibians due
to the significant increase of apoptosis we
observed in the midbrain.

The effects of environmental contami-
nants on kidney development depend on the
stage of development and functional capacity
of the kidney at that stage (Solhaug et al.
2004). Our results indicate that 24–48 hr of
exposure to the pure compound atrazine is
detrimental to the pronephric kidney. It is
possible that this toxicity is due to the filtra-
tion of the chemical atrazine or to physiologic
stress caused by poor heart function and circu-
lation. The apoptosis we observed in the kid-
neys of exposed tadpoles may be the primary
cause of observed edemas, as poor kidney
function would disrupt normal water balance.
Rainbow trout renal tubule cells show cyto-
logic changes that would indicate atrazine-
induced renal damage, including irregular
nuclear outline and heterochromatin conden-
sation following chronic atrazine exposure
(Oulmi et al. 1995). Additionally atrazine
impairs renal function (Santa Maria et al.
1986) and causes DNA fragmentation (Pino
et al. 1988) in rats, suggesting a similar means
of atrazine excretion and renal damage in
mammals and amphibian tadpoles. The mech-
anism by which atrazine is toxic to the kidney
of exposed tadpoles is currently unknown.

Conclusions

Although concentrations of atrazine used for
our focal experiments were high (10–35 mg/L)
relative to background levels measured in the
field, they were for short durations (< 2 days)

and at the limit of reported water solubility
for atrazine. We feel that our exposure para-
meters are relevant for the purpose of this
study to identify atrazine-induced malforma-
tions, given that atrazine may be applied to
crops at concentrations as high as 213 g/L
(Syngenta Crop Protection 2005) and reports
describing atrazine concentrations peaking in
surface water during early run-off events in
spring (Thurman et al. 1991) when tadpoles
are developing. The present study then pro-
vides a basis for future work aimed at eluci-
dating the underlying molecular mechanism
by which atrazine exposure simultaneously
impacts so many different organ systems dur-
ing a finite developmental window by identi-
fying affected organ systems and overt
phenotypes. For example, it is not known
whether the effects of atrazine on the multiple
tissues and organs are interrelated. The
increased levels of apoptosis in the midbrain
and pronephric kidney we observe suggest
that atrazine may cause tissue malformations
by inducing ectopic programmed cell death,
either directly or indirectly through a mecha-
nism that has not been identified. Ultimately,
the identification of sublethal indicators of
organism health and environmental contami-
nation provide researchers a sensitive bioassay
for monitoring effects of anthropologic agents
found in our ecosystems. 
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