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A B S T R A C T

We characterized, at millimeter resolution, bacterial biomass, diversity, and vertical stratification

of biological soil crusts in arid lands from the Colorado Plateau. Microscopic counts, extractable

DNA, and plate counts of viable aerobic copiotrophs (VAC) revealed that the top centimeter of

crusted soils contained atypically large bacterial populations, tenfold larger than those in un-

crusted, deeper soils. The plate counts were not always consistent with more direct estimates of

microbial biomass. Bacterial populations peaked at the immediate subsurface (1–2 mm) in light-

appearing, young crusts, and at the surface (0–1 mm) in well-developed, dark crusts, which

corresponds to the location of cyanobacterial populations. Bacterial abundance decreased with

depth below these horizons. Spatially resolved DGGE fingerprints of Bacterial 16S rRNA genes

demonstrated the presence of highly diverse natural communities, but we could detect neither

trends with depth in bacterial richness or diversity, nor a difference in diversity indices between

crust types. Fingerprints, however, revealed the presence of marked stratification in the structure

of the microbial communities, probably a result of vertical gradients in physicochemical pa-

rameters. Sequencing and phylogenetic analyses indicated that most of the naturally occurring

bacteria are novel types, with low sequence similarity (83–93%) to those available in public

databases. DGGE analyses of the VAC populations indicated communities of lower diversity,

with most types having sequences more than 94% similar to those in public databases. Our study

indicates that soil crusts represent small-scale mantles of fertility in arid ecosystems, harboring

vertically structured, little-known bacterial populations that are not well represented by standard

cultivation methods.

Introduction
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occur on arid lands where the lack of water restricts the

development of higher plant cover. These microbial

communities, variously known as cryptogamic, cryptobi-

otic, cyanobacterial, or simply biological soil crusts, are

dependent on the primary production of cyanobacteria

and eukaryotic microalgae. The primary producers there

are either free-living or within-lichen symbioses, although

mosses may also be present in well-developed crusts [24,

11, 12]. Crusting is initiated by filamentous oscillatorian

cyanobacteria during episodic events of available moisture

(rain, snow, dew), with the subsequent entrapment of

mineral particles by the network of cyanobacterial fila-

ments or by a matrix of extracellular slime [3, 14]. Bio-

logical soil crusts cover large portions of undisturbed soils

in the arid Western United States, in Australian and Af-

rican rangelands and deserts, in the Middle East, in con-

tinental Asia, and in Southern Europe [24, 3]. Our recent

biomass estimates indicate that the populations of mi-

crobial primary producers in desert crusts amount to

some 54 · 1012 g C globally [17]. Biological desert crusts

seem to play important roles in the biogeochemistry and

geomorphology of arid regions (see [11, 12]). They have

been reported to affect the overall hydrology of arid lands

[40] and to decrease soil erodibility dramatically by con-

solidating soil surfaces [7, 2, 35]. In addition, biological

desert crusts may exert a passive or indirect filter effect on

exchanges of gas or particulate matter between the at-

mosphere and the bulk soil beneath them, since any such

mass transfer must check through this cryptic live mantle.

In spite of their geographic extent and ecological impor-

tance, many aspects of soil crust biology remain under-

studied, especially those related to their microbial

populations [14]. Although biotic surveys on crust lichen

and microalgae exist, there has been essentially no single,

sustained effort to study the bacterial biota of what could

easily be regarded as the Earth’s most extensive biofilm.

Microsensor measurements have shown that microenvi-

ronments with strong vertical components develop within

a short time after crust wetting, because of the alleged

presence of large numbers of microorganisms operating at

high metabolic rates [15, 9]. But the diversity of micro-

organisms that form and thrive in soil crusts has yet be

gauged and described.

The distribution of bacteria in desert soils is thought to

mirror largely the distribution of higher plants, according

to the ‘‘resource island’’ hypothesis [13]. But supporting

evidence is based on sampling scales (centimeter to meter)

that are not necessarily appropriate to study microbial

systems such as soil crusts, which are constrained below

the centimeter scale in the vertical dimension, and char-

acterizing soils requires sampling at a temporal and spatial

scale appropriate for the questions being studied [6].

Bacterial segregation along vertical gradients is a basic

feature in analogous communities such as aquatic biofilms

[34], microbial mats [19, 37], and endolithic communities

[39]. We hypothesized that vertical stratification may be a

characteristic of soil crusts as well. We adapted standard

methods of microbial biomass assessment and microbial

community analysis to the study of bacteria in soil crusts

at a spatial vertical resolution (millimeter) appropriate to

their vertical extent: a scale that allows distinction between

contrasting microhabitats as observed in biogeochemical

studies.

Materials and Methods

Materials, Sampling, and Sample Sectioning

Two types of crusts were used in this study: light and dark crusts.

They were selected to match crust types studied previously with

respect to microenvironment formation [15] and were collected

around the town of Moab, Utah, in the Colorado Plateau. Light

crusts were from a site known as ‘‘Slick Rock’’ (N38�34¢
W109�31¢). Dark crusts were from a site known as ‘‘Sunday

Churt’’ (N38�38¢ W109�39¢). Both sites contain shallow, sandy

soils. The two distinct crust types represent, respectively, early

and later stages in crust formation, with conspicuous surface

populations of dark-pigmented cyanobacteria (Nostoc spp. and

Scytonema spp.) being absent in light crusts and present in dark

crusts. We selected samples that were devoid of pronounced

surface microtopography and that would lend themselves to

simplified studies on vertical stratification. Samples were taken

with PVC coring tubes (2.5 cm internal diameter) by wetting the

soil, gently inserting the tube, and capping both sides with

rubber stoppers. This procedure maintained the apparent ar-

chitecture of the crust, which is otherwise very brittle in the dried

state. After coring, samples were allowed to dry for storage and

transport to the laboratory. All samples were sectioned into

millimeter-scale horizons before analysis. Prior to sectioning,

approximately 20 mL of a fluid (40–45�C), 1.5% (w/v) aqueous

agar solution (Bacto-Agar in Milli-Q H2O) was poured over the

cores and injected along the core walls. It was then allowed to

embed the soil and solidify. This served the purpose of stabilizing

loose mineral particles and preserving the integrity of the sec-

tions upon handling. A subcore of the agar-immobilized core was

taken with a 1.5-cm diameter plastic corer and extruded onto the

metal stage of a table microtome using a piston. The core was

sliced using the table microtome. In all cores, the following six

sections were obtained from top to bottom: horizons 1 through 3

were 1 mm thick each, horizons 4 and 5 were 2 mm thick, and the

sixth horizon was 3 mm thick. Sections were allowed to dry
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overnight and the mass of each sample measured gravimetrically.

For further handling in protocols requiring dispersion of the

sample, each section was placed into a separate tube containing

3.2 mL of a 25% Ringer’s solution [29] and 16 units of b-agarase

(Sigma). They were then incubated at 35�C for 20 min to

hydrolyze the agar. Tubes were amended with 6 mg of sodium

pyrophosphate and vortexed [29] to disperse cells and mineral

particles. Pyrophosphate addition was omitted for DNA extrac-

tion, cell counting, and pigment analyses.

Cell Counting

Each core section was placed in 100 mL (final volume) of 25%

Ringer’s solution and blended for 2 min in a Waring blender.

Because we were interested in nonphototrophic bacterial bio-

mass, the blends were allowed to settled for 48 h at 4�C to remove

mineral particles and large cells (cyanobacteria, fungal hyphae).

Microscopic slides were prepared with 10 mL of the suspension, 5

mL of Milli-Q H2O, and 5 drops (approx 0.2 mL) of a 1% DAPI

(4¢,6-diamidino-2-phenylindole, Sigma) stain solution. This was

filtered under vacuum onto a black polycarbonate filter (0.22 lm

pore size, Osmonics) with a white cellulose acetate backup filter

(0.8 lm pore size, Micron Sep.). Filters were allowed to air-dry

and placed onto a glass slide, sandwiched between two drops of

immersion oil, and covered with a coverslip. Slides were frozen

until analysis. We used a Nikon epifluorescence microscope

under UV illumination equipped with a CCD camera to visualize

and photograph the cells. Ten digitized images of different mi-

croscopic fields were counted per sample. Cell numbers in the

original soil were calculated according to dilution factors used

and gravimetric determinations of original soil mass in the

sample.

Plate Counts

Serial dilutions from sectioned samples were done in 25%

Ringer’s solution. Plate counts for viable aerobic copiotrophs

(VAC) were done on 1.5% agar-PGY medium containing only

peptone, glucose, and yeast extract [29], with 2 weeks of incu-

bation at room temperature. VAC spores present in the soil were

counted by dilution plating on PGY medium after pasteurization

of the initial dilution at 70�C for 20 min to inactivate vegetative

cells.

DNA Extraction, Isolation, and Quantification

Extractable DNA was determined after grinding with mortar

and pestle, followed by eight freeze–thaw cycles and phenol–

chloroform–isopropanol extraction according to Garcia-Pichel

et al. [18]. While DNA yields from soils can vary significantly as

a function of the method used, they still provide a quantitative

picture of relative distributions if used in a single soil type. For

soil community analysis, DNA was extracted and purified using

UltraClean Soil DNA Isolation Kit from Mo Bio Laboratories

(Solana Beach, CA, USA) following the protocol provided, in-

cluding cell disruption by bead beating and separation through

a spin filter. Isolated DNA was quantified using standard

agarose gel electrophoresis followed by ethidium bromide

staining. Gels were analyzed in a Bio-Rad Fluor-S MultiImager

system using a Bio-Rad EZ Load precision molecular mass

ruler.

Chlorophyll a Extraction and Measurement

Chlorophyll was extracted in 90% acetone and quantified after

HPLC separation and on-line spectrophotometric determination

according to Karsten and Garcia-Pichel [25].

PCR Amplification of 16S rRNA Gene Segments, DGGE

Fingerprinting, Band Reamplification, and Tentative

Phylogenetic Assignments

Primers GM5F and 907R [30], universal for the domain Bacteria,

were used for amplification of ca. 590 bp-long 16S rRNA gene

segments from the DNA extracts. This was repeated for 21 cycles

(denaturations at 94�C for 1 min, extensions at 75�C for 3 min).

An additional three cycles with denaturations at 94�C for 1 min,

extensions at 72�C for 3 min, and an annealing temperature at

55�C were used, as well as a final extension at 72�C for 7 min. The

reaction was carried out utilizing ‘‘touchdown’’ PCR [10] where

the annealing temperature decreases from 65 to 55�C (1 min

each) in 1�C increments. All reactions were done in a Bio-Rad

iCycler thermal cycler and began with denaturation at 95�C for 5

min (hot-start) followed by the addition of 2.5 units of Takara Ex

Taq DNA polymerase (PanVera Corporation, Madison, WI, USA)

to each reaction at 80�C. Each 100 lL PCR contained the fol-

lowing: 10 lL of 10· Takara Ex Taq PCR buffer, 8 lL of Takara

dNTP mixture (2.5 mM each), 50 pmol of each primer (synthe-

sized by Operon Technologies, Inc., Alameda, CA, USA), 200 lg

of bovine serum albumin (BSA, PanVera), 20 lL of 5· Eppendorf

TaqMaster PCR-enhancer (Brinkmann Instruments, Westbury,

NY, USA), and 10 ng of template. Quantification of PCR product

was done as described above for isolated DNA. Denaturing gra-

dient gel electrophoresis (DGGE) fingerprinting was used to

separate PCR-amplified 16S rRNA alleles. DGGE uses a gradient

of chemical denaturants (urea and formamide) in a polyacryla-

mide gel to separate DNA segments of equal length but different

sequence. PCR product (350 ng) was electrophoresed through a

30–50% denaturing gradient for 4 h at 200 V in a Bio-Rad Dcode

universal mutation detection system and analyzed as described

above for agarose gels. Conspicuous bands in the gels were ex-

cised and its DNA allowed to diffuse out for at least 2 days in Tris

buffer; this was used as template for a PCR reaction and the

amplificate sequenced commercially. Sequences were compared

to existing database entries using a BLAST analyses for tentative

phylogenetic assignment. A total of 13 sequences were obtained.

These have been submitted to GenBank under accession numbers

AF538333 to AF538346.
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Replication, Data Processing and Calculation of Richness and

Diversity

We analyzed at least three independent vertical profiles for each

parameter and crust type. For presentation, averages and

standard deviations of each horizon in independent profiles are

provided. However, for statistical analyses of vertical trends,

each profile was treated separately, since the horizons in a

profile are not independent of each other. Space-averaged

contents within crusts were obtained by vertical integration of

the measured values in each profile with weighing according to

horizon thickness. For statistical comparisons, t-tests were used

using space-averaged values of each profile as single determi-

nations.

For the calculation of richness and diversity indices in the

DGGE [31], we quantified the number of bands in each lane and

each band’s intensity relative to the total in its lane using auto-

mated image analysis procedures contained in Bio-Rad’s

‘‘Quantity One’’ software. Equal sensitivity was used for all

analyses. The number of bands gave directly the Richness index;

Shannon-Weaver diversity indices were calculated as the negative

sum of the products of each band’s relative abundance by the

natural logarithm of its relative abundance, for all bands in a

lane. A detailed discussion on the theoretical basis for this pro-

cedure, as well as on its limitations and possible drawbacks, can

be found in Nübel et al. [31].

Results

Bacterial Counts

DAPI microscopic counts revealed the presence of large

bacterial numbers within the top centimeter of crusted

soils. In dark crusts, the space-integrated densities reached

2.13 ± 0.9 · 109 stainable cells per gram of soil (with n = 3

independent profiles), whereas in soils deep beneath the

crusts (3–5 cm) only 1.42 ± 0.1 · 108 bacteria per gram of

soil could be detected. The two values were significantly

different (P = 0.023). In light crusts (with n = 3 inde-

pendent profiles) densities were of similar magnitude:

1.37 ± 0.2 · 109 g)1 in average for the top 1 cm, and

1.15 ± 0.2 · 108 g)1 deep under the crusted soil. These two

values were also significantly different (P = 0.006). The

difference between dark crust and light crust space-inte-

grated counts, though large, was not statistically signifi-

cant (P = 0.24). Within the crusts themselves (Fig. 1), we

found maximal densities in the immediate subsurface (1–3

mm deep), as high as 6 · 109 g)1 in some horizons. Below

this maximum, numbers showed decreasing trends with

depth in all profiles and crusts, as well as in the average

data presented in Fig. 1 (negative correlation coefficients

between cell number and depth varied between 0.61 and

0.94).

Extractable DNA

Extractable DNA concentrations showed patterns similar

to those observed with microscopic counts. The space-

integrated extractable DNA in the top 1 cm of light crusts

varied among samples (n = 3 independent profiles) be-

tween 1.1 and 2.3 lg g)1, with a mean (± standard devi-

ation) of 1.6 ± 0.6 lg g)1. Maximal values were found in

the subsurface (1–3 mm) where DNA could reach as much

as 6.6 lg g)1 (Fig. 2). All profiles, however, were charac-

terized by a clear maximum in DNA content between 1

and 3 mm below the surface, and by a significant de-

creasing trend with depth below this maximum (Fig. 2).

Dark crusts (n = 5 independent profiles) had higher

space-integrated (top 1 cm) extractable DNA content than

light crusts, ranging from 2.7 to 7.5 lg g)1, with an average

of 4.7 ± 2 lg g)1. In dark crusts, maximal values were

always found in the top horizon (0–1 mm) and reached as

much as 16.7 lg g)1. The differences in DNA content be-

tween dark and light crusts were highly significant

(P = 0.034). Significant trends of decrease with depth were

detected in all dark crusts as well. In all crust samples,

extractable DNA was about tenfold higher that that found

deep below the crusted soil (0.33 ± 0.09 and 0.45 ± 0.05

lg g)1, for soil beneath light and dark crusts, respectively).

Fig. 1. Vertical distribution of bacterial microscopic counts

within soil crusts. Values are means of three independent pro-

files. Error bars are 2 standard deviations. The broken line in-

dicates average counts obtained from bulk, uncrusted soil below

the crusts.
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Chlorophyll a

The distribution of Chl a within both crusts clearly indi-

cates that oxygenic phototrophs were concentrated in the

top 2 mm, which contained on average more than 75% of

the total Chl a in the crusts (Fig. 3). This is consistent with

previously presented data and with measurements of light

penetration into these soils [15]. Chl a concentration in

both dark and light crusts decreased steeply and expo-

nentially (dark crusts, r2 = 0.9802; light crusts,

r2 = 0.9857) with depth. There was at least a 100- to 300-

fold difference in Chl a levels between the top and the

deepest layers in the crusts. The Chl a values in the top 2

mm of soil were significantly different between dark and

light crusted soils (P = 0.023).

Viable Counts

The space-integrated number of viable aerobic copio-

trophs (VAC) within the top 1 cm of crusts, as judged by

PGY plate counts (Fig. 4), was 7 ± 3 · 106 cfu g)1 in light

crusts (n = 3 independent profiles) and 8 ± 6 · 105 cfu g)1

(n = 3 independent profiles) in dark crusts. The differ-

ences in space-integrated VAC numbers between light and

dark crusts was statistically significant (t-test; P = 0.04),

despite the large variability between profiles and micro-

horizons. Maximal values found peaked at 3.6 · 107 cfu

g)1, and minimal values were around 6 · 104 cfu g)1. In

dark crusts there was a clear trend of VAC decrease with

depth, but this trend, if present, was not as conspicuous in

light crusts. In both types of crusts, however, VAC counts

were two orders of magnitude higher (statistically very

significant, with P < 10)4) than those found in the un-

crusted soils below them: 2.6 ± 3.2 · 104 and 5 ± 3 · 103

for light and dark crusts, respectively.

The fraction of VAC originating from bacterial spores

was also very low, on average accounting for 1.4% in light

crusts and 1.8% in dark crusts. No conspicuous trends

with depth were detected in the VAC-spore counts (data

not shown).

Molecular Fingerprints of Natural and VAC Communities

DGGE fingerprints of the natural samples (Fig. 5) revealed

the presence of a complex community of bacteria. Auto-

mated fluorescence detection of the number of bands in

each lane yielded between 18 and 27 individual alleles per

horizon in light crusts and between 19 and 28 bands in

dark crusts. Shannon-Weaver diversity indices, calculated

from band number and relative intensity for each horizon,

varied between 2.7 and 3.1 in light crusts, and between 2.7

and 3.3 in dark crusts, indicating that the two types of

crust did not differ significantly in terms of bacterial di-

versity indicators. No significant trends with depth in ei-

ther richness or diversity indices could be detected in this

analysis. The absence of similarly positioned bands in two

Fig. 2. Vertical distribution of extractable DNA within crusts

(lg of DNA per g of soil). Values are averages of at least three

independent profiles. Broken lines indicate backgroundlevels

determined in bulk, uncrusted soil. Error bars indicate 2 stand-

ard deviations.

Fig. 3. Vertical distribution of oxygenic phototrophic biomass

(cyanobacteria) estimated though the concentration of chloro-

phyll a. Each value is the mean of three samples obtained in three

independent profiles; error bars indicate 2 standard deviations.
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different lanes offers proof of a difference between sam-

ples, while the presence of two similarly positioned bands

in two different lanes provides only tentative evidence for

the presence of the same allele. Keeping this in mind,

marked differences (i.e., band d is present in dark crusts

but not in light crusts) and apparent similarities (bands a,

b, and a’, b’) were evident between dark and light crusts.

The fingerprints also revealed an apparent stratification

along the vertical dimension in bacterial community

composition in both crusts types. While some major bands

(bands a, b, a’, b’) were found through the profile with no

obvious pattern of distribution, others displayed marked

vertical distribution trends: bands c and g increased in

proportional abundance with increasing depth, while band

d had a clear maximum between 0 and 2 mm, decreasing

with depth below those horizons. Bands e and f were

preferentially found in the top 2 mm. Although an ex-

haustive study of the phylogenetic affiliation of commu-

nity members was not a central part of this study, several

bands were excised, eluted, PCR-amplified, and se-

quenced. Most of those bands yielded sequences of low

similarity (83–93%) to those in the public databases, either

public sequences from characterized bacteria or from

uncharacterized field samples. Many of them could be

tentatively assigned to the diverse Holophaga/Acidobac-

terium group (bands d, g,) or the Cytophaga/Flexibacter/

Bacteroides group (bands a’, c). Band b’ matched best with

a group of sequences from uncultivated but apparently

widespread arid soil bacteria [26]. Band f’ matched with

85% similarity sequences from Angiococcus and several

other unidentified Myxococccales. In a few cases, simi-

larities better than 95% were obtained: bands g‘ and h’

matched with 100% and 98% similarity sequences from

cultivated cyanobacteria that were isolated previously

from desert crusts: Microcoleus vaginatus [18] and M.

steenstrupii [5].

In order to obtain a rapid determination of the overall

diversity in the cultured populations, we obtained DGGE

fingerprinting of the VAC community obtained from

pooled colony biomass (Fig. 6). This clearly revealed a

community of lower diversity and quite different from that

obtained in the fingerprints from the natural community.

In light crusts the VAC community had richness (number

of detectable bands per lane) values between 5 and 20, with

the Shannon-Weaver diversity indices ranging between 0.9

and 2.2. In dark crusts, richness varied between 8 and 19

with Shannon-Weaver indices varying between 1.3 and 2.2.

Fig. 4. Vertical distribution of viable aerobic copiotrophs

(VAC) estimated through plate counts. Each value represents the

mean of three counts obtained from independent profiles; error

bars are standard deviations. In cases where the standard devi-

ation was greater than the mean, only the positive standard de-

viation is shown. Broken lines indicate average VAC numbers in

bulk, uncrusted soil.

Fig. 5. DGGE image (bacterial fingerprint) of 16S R genes PCR

amplified from DNA extracts of the microbial communities in

millimeter-sized depth horizons. Bands labeled a through g and

a’ through g’ are discussed in the text in further detail.
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Sequences from reamplified bands in this fingerprint

found much better matches in the databases (>94% sim-

ilarity) than those obtained from the natural community.

While some bands were distributed through the profile,

and even between crust types (for example, bands a and

a’), other bands were preferentially enriched only in some

horizons. For example, band e was found as a dominant

member of VAC between 3 and 5 mm horizons of dark

crusts. This band could be assigned through phylogenetic

analyses to a member of the genus Paenibacillus (96%

similarity). Band f, found only between 2 and 3 mm,

matched Methylobacterium with 94% similarity. Band g,

also constrained to VAC in 3–5 mm, matched members of

Arthrobacter with 98% similarity; band b’ was obtained

exclusively in plates from the deepest horizons of light

crusts and was found to be phylogenetically allied to

Brevundimonas (100% similarity) in the Caulobacter

group. Band c’ matched (95%) sequences from Massilia

timonae (b-Proteobacteria), and band d’ matched best

those of Microbacterium (98%).

Discussion

Microbial biomass

Clearly, bacterial populations were significantly higher in

the crusts than below the crusted soil and exceeded by at

least one order of magnitude those typically measured in

(bulk) desert soils with comparable methods, even those

measured in plant litter fractions [8, 1]. Bacterial popu-

lation numbers within the crusted soil were more in line

with, or slightly below, those typical of organic-rich soils

[32, 38]. They are similar to the 0.4–2.2 · 109 cells g)1

obtained from the top 5 mm in Antarctic soil crusts by

Wynn-Williams [41]. In light of the vertical attenuation of

bacterial numbers with depth, previously reported bacte-

rial abundances in macroscale samples of crusted soil,

though lower, are not inconsistent with our own deter-

minations. Bamforth [1], for example, found 4–8 · 108

cells g)1 in lichen and moss soil crusts in the Lower

Sonoran Desert, but this averaged the top 3 cm of soil.

Because detrital, plant-derived biomass is a very minor

component of desert crusts in general, extractable DNA is

most likely of microbial origin and should also reveal

microbial abundance. The concentrations found in our

crusts are similar to those found for temperate agricultural

soils, which cluster around 1.2–1.3 lg g)1 [38]. Using

space-integrated values of cell counts and extracted DNA,

we can calculate roughly a DNA content of 2.2 fg cell)1 for

dark crust and 1.2 fg cell)1 in light crusts. Even though the

extractable DNA concentrations include components from

both bacteria and fungi, whereas the counts were exclu-

sively bacteria (excluding cyanobacteria), these calculated

DNA contents are not too deviant from a typical bacterial

ratio of 1 fg cell)1. This indicates that the bacterial biomass

in the crust is significant and of the same order of mag-

nitude as that of cyanobacteria and fungi. Regardless of

the specific biases, both microscopic counts and extract-

able DNA profiles yielded a similar picture of the magni-

tude and distribution of microbial biomass in desert

crusts. This picture can be summarized in three apparent

trends. First, crust microbial biomass is much higher than

that found in uncrusted soil; second, within the crusts

themselves, microbial biomass tends to decrease with

depth; and third, there is a trend of increasing biomass

with crust maturity. These trends are consistent with the

view that crusts represent ‘‘mantles of fertility’’ in arid

soils, in a manner similar to plant rhizospheres, with

bacterial numbers reflecting the availability of organics,

and perhaps also nitrogen, provided by leakage and

Fig. 6. DGGE fingerprint of the VAC community obtained after

cultivation of different depth horizons in the crusts. Bands

labeled a through g and a’ through e’ are further discussed in the

text.
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excretion of cyanobacteria. In this way, bacterial numbers

decline away from the 2 mm thick photic zone and

eventually reach levels in the undercrust typical of bulk

arid soils. As cyanobacterial biomass increases with crust

maturity (i.e., light vs dark crust Chl a levels in Fig. 3), so

does the overall microbial biomass especially as measured

by extractable DNA.

Interestingly, light crusts consistently displayed a sub-

surface maximum of microbial biomass, apparently de-

coupled from the Chl a maximum in the top mm. This top

millimeter of desert soils is known to be a very harsh en-

vironment subject to intense solar radiation, erosional

abrasion, and extreme temperatures. In light crusts, cy-

anobacteria are found in the subsurface when dry, but

rapidly migrate to the surface when wet, and back down to

1–3 mm depths upon subsequent drying [20]. The presence

of sessile cyanobacteria with abundant scytonemin (Nostoc,

Scytonema), a dark-colored secondary metabolite provid-

ing protection from UV exposure, may allow heterotrophic

populations to colonize this top millimeter in dark crusts.

The significant differences between in-crust and below-

crust VAC plate counts are consistent with microscopic

counts and extractable DNA concentrations in revealing

that soil crusts represent areas of concentration of bacte-

rial populations: in a sense, areas of bacterial fertility that

are small in the vertical scale, but vast in the horizontal

scale. But the consistency between VAC plate counts and

other biomass estimates ends here. In fact a simple cal-

culation of the ratio of space-integrated VAC counts to

microscopic bacterial counts (3.7 · 10)4 cfu cell)1 in dark

crusts vs 51 · 10)4 cfu cell)1 in light crusts) clearly indi-

cates this. The discrepancy is largely driven by the rela-

tively high abundance of VAC in light crusts, which is in

principle not easy to explain. Our values are, however, not

discordant with a few values reported from similar envi-

ronments. Kuske et al. [28], for example, found 8–105 ·
105 cfu g)1 in the top 10 cm of crusted desert soil from a

nearby location. Bolton et al. [4], using plate counts of

aerobic heterotrophs, reported values around 3 · 106 cfu

g)1 for semiarid shrub-steppe grasslands where soil crusts

covered most of the interplant spaces, which are similar to

our space-integrated values. They found little evidence of

vertical stratification between the top 5 cm and the un-

derlying 10 cm. At a smaller scale, we could detect very

significant differences between the top 1 cm and the un-

dercrust (5–10 cm deep). Our in-crust VAC numbers were

lower than the 4 · 107 cfu g)1 found for temperate sandy

agricultural soils by Taylor et al. [38]. Aerobic hetero-

trophs estimated through MPN counts [22] in the inter-

spaces of mesquite (Propopsis sp.) shrub and creosote

(Larrea tridentata) bush in the Chihuahuan Desert yielded

105–106 cells per gram, again values similar to those found

in our Colorado crusts.

Microbial Diversity in Desert Crusts

The fact that most environmental sequences obtained

from crusts presented low similarity to those in public

databases indicates that desert crusts contain a large

number of undescribed bacterial types. This parallels the

results of a recent study focusing on cyanobacteria where

at least four of the five phylogenetic clusters constructed

on the basis of both environmental sequences and novel

isolates represented undescribed, deeply branching enti-

ties at the generic or suprageneric level, with no known

members from other environments [18]. This is perhaps

not too surprising, given the particular, and often extreme,

environmental conditions typical of desert crusts: Lengthy

evolutionary histories in such environment must have

been the rule for at least the ‘‘specialists’’ among the local

microbes. This is likely to have resulted in an evolutionary

distinct biota. Cultivation efforts other than standard plate

counts are obviously needed to characterize such bacteria,

since analyses of the VAC community yielded a very dif-

ferent set of sequences, which, for the most part were of

high similarity to known bacterial types. In fact, this ob-

servation may extend to arid soils at large. Traditional

enrichment and cultivation techniques have repeatedly

yielded novel bacterial species of well-known genera:

Rhizobium yangliense among the legume-nodulating

symbionts, Bacillus mojavensis among the spore-formers,

as well as Geodermatophilus spp. and Streptomyces spp.

[36, 33, 21]. This has been the case even when molecular

studies were carried out on a large number of isolates of

Pseudomonas spp. [27]. Recent molecular studies, how-

ever, have detected the presence of novel, deeply branch-

ing environmental sequences in desert soils, belonging, in

one case, to novel uncultivated genera of the Rubrobacter

subdivision in the Actinobacteria (Actinomycetes, [23]).

In another case [26], fully undescribed ‘‘candidate’’ su-

pergroups at the level of division were detected. These

‘‘phylotypes’’ have yet to be cultured or characterized.

Small-Scale Vertical Segregation of Microbial Types

The DGGE fingerprints offered evidence for the presence

of small-scale segregation in bacterial community mem-

Bacterial Biomass and Diversity in Arid Soil Crusts 319



bers within the bounds of desert crust themselves. The

fingerprints also revealed that the vertical stratification of

microbial types was maintained even in a highly selective

subsample of the natural bacterial community (the VAC

community). This is likely the result of environmental

gradients, biotic or abiotic, present within the habitat.

Light gradients due to strong absorption and scattering of

incident irradiance as well as chemical gradients in the soil

solution of wet crusts (oxygen, pH, nutrients) [15, 16] have

been demonstrated within the small-scale bounds of

crusted soils. Additionally, and because carbon inputs into

the system are generated within the top 2 mm, where cy-

anobacteria reside, diffusion of leaked organics is likely to

create a gradient in trophic types (tending toward in-

creased oligotrophy with depth). It should prove inter-

esting to probe with more detail some of these possible

relationships.
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